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The dynamic regulation of endothelial pathophenotypes in pulmonary hypertension (PH) remains undefined. Cellular senescence
is linked to PH with intracardiac shunts; however, its regulation across PH subtypes is unknown. Since endothelial deficiency
of iron-sulfur (Fe-S) clusters is pathogenic in PH, we hypothesized that a Fe-S biogenesis protein, frataxin (FXN), controls
endothelial senescence. An endothelial subpopulation in rodent and patient lungs across PH subtypes exhibited reduced FXN
and elevated senescence. In vitro, hypoxic and inflammatory FXN deficiency abrogated activity of endothelial Fe-S–containing
polymerases, promoting replication stress, DNA damage response, and senescence. This was also observed in stem cell–derived
endothelial cells from Friedreich’s ataxia (FRDA), a genetic disease of FXN deficiency, ataxia, and cardiomyopathy, often with PH.
In vivo, FXN deficiency–dependent senescence drove vessel inflammation, remodeling, and PH, whereas pharmacologic removal
of senescent cells in Fxn-deficient rodents ameliorated PH. These data offer a model of endothelial biology in PH, where FXN
deficiency generates a senescent endothelial subpopulation, promoting vascular inflammatory and proliferative signals in other
cells to drive disease. These findings also establish an endothelial etiology for PH in FRDA and left heart disease and support
therapeutic development of senolytic drugs, reversing effects of Fe-S deficiency across PH subtypes.

Introduction

Pulmonary hypertension (PH) is a fatal disease of the lung vasculature with incompletely defined molecular underpinnings
(1, 2). Our understanding of disease pathophysiology as well
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as existing treatments are largely exclusive to the most severe
subtype, Group 1 pulmonary arterial hypertension (PAH), as
defined by the World Symposium on Pulmonary Hypertension
(WSPH) (1). Notably, as the population ages and the number
of patients with chronic diseases rises (3), PH due to left heart
disease (Group 2), particularly PH associated with heart failure with preserved ejection fraction (HFpEF) (4) and metabolic syndrome (5), and PH due to hypoxic lung disease (Group 3)
(6) represent a majority of PH patients with limited treatments
available. How the molecular mechanisms that underlie PAH
and other PH groups are connected is still under investigation.
Pulmonary endothelial dysfunction is a defining feature of
vascular remodeling in PAH but is less defined across PH subtypes. While many postulate the endothelium as the site of inciting
injury and apoptosis followed by hyperproliferation (7), endothelial cells exhibit dynamic, spatio-temporal phenotypes that are not
1
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yet fully understood. Important in the pathology of peripheral vascular beds (8), senescence is one alternative endothelial fate that is
a state of stable growth arrest defined by upregulation of markers
like CDKN2A/p16INK4 and senescence-associated β-galactosidase
(SA-β-gal). While this pathophenotype has been linked to PAH due
to congenital heart disease (9) or chronic lung disease (10), its relevance in other WSPH groups is unclear (11). Notably, senescent
cells undergo morphologic, genomic, and metabolic reprogramming and produce an assembly of pathogenic molecules (e.g.,
cytokines), referred to as the senescence-associated secretory
phenotype (SASP) (12), that propagates underlying tissue inflammation and altered regenerative capacity (13). In cancer and diseases of aging, multiple aberrant cellular processes converge to
drive senescence, including attenuated mitochondrial metabolism and genomic integrity (14). Addressing the latter, pathological DNA breaks develop in response to several extrinsic and intrinsic factors such as products of metabolism (e.g., oxidative stress)
or replication stress (e.g., error-prone replication fork progression)
(15), and, in turn, lead to the DNA damage response (DDR), a multistep process that detects damage and signals for DNA repair (16).
If the repair machinery is compromised or overwhelmed by the
causative agents of endogenous DNA damage, cell-fate outcomes
vary between apoptosis and DDR-dependent senescence (17, 18).
While genotoxic stress (19–23) has been observed in patients with
PH, the complex regulatory events that control endothelial senescence and how such events fit into the development of pulmonary
vascular inflammation and remodeling are not known.
We previously demonstrated that endothelial iron-sulfur (FeS) cluster deficiency disrupts mitochondrial function and promotes
PH development (24–26). Fe-S clusters are essential cofactors for
processes like oxidative phosphorylation (27) and DNA replication
and repair (28, 29). The synthesis, trafficking, and integration of
these bioinorganic cofactors require many mitochondrial and cytoplasmic assembly proteins (28–30), and their importance in human
disease has been reinforced by reports of patients with mutations
in iron sulfur assembly proteins 1 and 2 (ISCU1/2) (25, 31), BOLA3
(32), and NFU1 (33, 34), who also exhibit PH. Our prior work
demonstrated how hypoxia-inducible factor alpha (HIF-α), a transcription factor involved in metabolic rewiring in PH (35, 36), acts
as a master regulator of endothelial ISCU1/2 and BOLA3 levels (24,
26). Moreover, both genetic and acquired deficiencies of ISCU1/2
or BOLA3 resulted in Fe-S–dependent metabolic rewiring, which
induced endothelial dysfunction and PH in vivo (24–26). Notably,
other vascular cell types with Fe-S deficiencies, such as smooth
muscle cells, did not manifest similar phenotypes (25). This may
be a consequence of differences in mitochondria or absolute Fe-S
clusters across cell types, emphasizing the importance of endothelial Fe-S biology. Whether deficiencies of other Fe-S assembly
genes and their genotoxic rather than metabolic consequences play
a mechanistic role in PH pathogenesis is unclear.
Frataxin (FXN) is a mitochondrial binding partner of ISCU1/2
and iron chaperone essential to Fe-S biogenesis (37, 38). Both elevated (39, 40) and reduced (41) FXN levels have been reported in
different hypoxic cell types, but the interaction of FXN and hypoxia, as well as other acquired PH triggers, in pulmonary vascular
cells remains largely uncharacterized. Instead, FXN has been predominantly studied in the context of genetic deficiency: homozy2

gous GAA trinucleotide repeat mutations lead to decreased FXN,
causing Friedreich’s ataxia (FRDA) (42). This multisystem disease
is defined by neurodegeneration and hypertrophic cardiomyopathy (and less often dilated cardiomyopathy, ref. 43) with the latter driving mortality in roughly 60% of patients (44). Pulmonary
arteriolar vasculopathy has been reported in this population (45),
consistent with the fact that up to 40% of patients with hypertrophic cardiomyopathy (HCM) in general suffer from Group 2 PH
(46, 47). Yet, PH and cardiopulmonary complications in FRDA
have been surprisingly underreported (48, 49), due to the lack of
hemodynamic outcomes and lung specimens available for study.
Instead, the focus has been on cardiomyocyte dysfunction and
markedly elevated left ventricular filling pressures rather than
the PH that, by definition, is present (49). Furthermore, since
FRDA-dependent FXN deficiency in nonvascular cell types can
drive DNA damage (50, 51), arrested growth and apoptosis (52),
and senescence (53), it is plausible that these same phenotypes
in endothelial cells could have profound pathobiological consequences. Thus, we investigated if endothelial FXN deficiency,
due to either genetic or acquired triggers, controls Fe-S–mediated
senescence, thus driving key pathophenotypes not only in PAH
but also in more poorly understood PH subtypes.

Results

Decreased FXN and increased senescence in pulmonary endothelial
cells in PH. To determine whether cellular senescence develops
in FXN-deficient endothelial cells in PH, we quantified vascular
expression of FXN and the senescence marker CDKN2A/p16INK4
(12) in multiple in vivo models of PH representing diverse clinical
subtypes. Immunofluorescent confocal microscopy of the pulmonary vasculature (Figure 1A and Supplemental Figure 1, A and B;
supplemental material available online with this article; https://
doi.org/10.1172/JCI136459DS1) revealed a marked reduction
in Fxn in the CD31+ endothelium as well as the α-SMA+ smooth
muscle layer and pulmonary vessel in a monocrotaline rat model
of Group 1 PAH (54). MCT lungs also displayed increased Cdkn2a transcripts (Figure 1B). Correspondingly, expression analysis of whole-lung tissue from transgenic mice expressing the
inflammatory cytokine IL-6 in normoxic (Supplemental Figure
1C) or hypoxic (Supplemental Figure 1D) conditions, representing a second hit to model Group 1 PAH (55), displayed reduced
Fxn (Figure 1C). Emphasizing endothelial-specific deficiency,
isolated CD31+ endothelial cells from the lungs of hypoxic IL-6
transgenic mice demonstrated Fxn downregulation (Figure
1C). Importantly, lungs of this Group 1 PAH model exhibited
increased Cdkn2a transcript when compared with normoxic
wild-type controls (Figure 1D). Apart from Group 1 PAH, in lungs
from obese ZSF1 rats exposed to the VEGF receptor antagonist
SU-5416 (Ob-Su), a model of Group 2 PH due to heart failure
with preserved ejection fraction (PH-HFpEF) (ref. 56 and Supplemental Table 1), Fxn (Figure 1E and Supplemental Figure 1E)
was reduced, and Cdkn2a was increased (Figure 1F) compared
with lean controls. Similarly, in human lung tissue, FXN levels
were reduced in CD31+ endothelium (Figure 1G) in patients with
Group 1 PAH (Supplemental Table 2) as well as interstitial pulmonary fibrosis–associated (IPF-associated) PH (Group 3 PH)
(Supplemental Table 3) as compared with nondiseased controls.
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Figure 1. Reduced FXN and elevated CDKN2A expression in Group 1, 2, and 3 PH lungs. (A) Representative images of lungs stained with immunofluorescent probes for Fxn (gray), CD31 (green), α-SMA (red), counterstained with DAPI (blue), and imaged by confocal microscopy. Scale bar: 50 μm. Quantification of Fxn colocalized within the CD31+ endothelium in rats treated with monocrotaline (MCT) (n = 6) or vehicle (n = 5). (B) Relative Cdkn2a expression
by RT-qPCR in lung tissue from MCT-treated rats compared with vehicle control (n = 5/group). (C) Fxn mRNA expression in isolated CD31+ cells and (D)
whole-lung CDKN2A mRNA levels in hypoxic interleukin-6 transgenic (IL6-Tg) (n = 3) versus normoxic WT mice (n = 5). (E) Fxn protein and (F) Cdkn2a
transcript expression in lung tissue from ZSF1 obese rats treated with Sugen (SU5416) (Ob-Su) (n = 9) versus lean controls (n = 9–10). (G) Representative
confocal images showing FXN (gray), CD31 (green), α-SMA (red), and counterstained with DAPI (blue). Scale bar: 50 μm. Quantification of FXN in the
CD31+ endothelium of Group 1 PAH (n = 8) or Group 3 PH (n = 8) patient lungs compared with controls (No PH) (n = 6). (H) RT-qPCR of CDKN2A mRNA
levels in lung tissue of patient without PH (n = 8), Group 1 (n = 11), or Group 3 PH (n = 12). Two-tailed Student’s t test (A–F) and 1-way ANOVA and Tukey’s
post hoc analysis (G and H) with error bars that reflect mean ± SD.

Of note, in these cases, FXN levels were also reduced in α-SMA+
smooth muscle layer (Supplemental Figure 1F). Conversely,
CDKN2A/p16INK4 was increased in homogenized lung tissue
(Figure 1H) of PH patients compared with controls, with dis-

tinct signal in the endothelium (Supplemental Figure 1G). Thus,
endothelial FXN downregulation and CDKN2A/p16INK4 upregulation were consistently observed across rodent and human
examples of PH subtypes. Moreover, because alterations in FXN
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Figure 2. A subpopulation of FXN-deficient senescent cells in the endothelium of patients with PAH. (A and B) Immunoblot of FXN and p16INKA levels in
cultured pulmonary microvascular endothelial cells (PMVECs) from a healthy patient versus a Group 1 patient with PAH (n = 3/group). (C) Representative
brightfield images (scale bar: 400 μm) and quantification of the percentage of SA-β-gal–positive PMVECs (blue) from a healthy patient versus a Group
1 patient with PAH. (D) From single-cell RNA sequencing of lungs from Group 1 patients with PAH (n = 3) versus no PAH control (n = 4), aggregate UMAP
plots were generated of all endothelial cells in each cohort. Single-positive (CDKN2A, green or MKI67, orange), double-positive (blue), and double-negative (gray) endothelial cells are marked, along with total percentages across the aggregate cohort populations. (E) Percentages of CDKN2A-positive and
MKI67-positive endothelial cells in each individual patient were compared between cohorts (PAH vs. no PAH). (F) Aggregate UMAP plot of pulmonary
endothelial cells across all sampled patients (n = 7), demonstrating the percentage of single-positive (CDKN2A-expressing, green or high FXN-expressing,
orange), double-positive (CDKN2A-expressing and high FXN expressing, blue), and double-negative (CDKN2A-expressing and non–high FXN expressing,
gray) cells. Two-tailed Student’s t test with error bars that reflect mean ± SD.

expression were not exclusive to the endothelium, these findings
emphasized the need to define the functional consequences of
FXN deficiency in endothelium versus other vascular cell types.
To specifically define the extent of endothelial senescence in
PH, cultured human pulmonary microvascular ECs (PMVECs)
from a PAH patient displayed decreased FXN (Figure 2A and
Supplemental Figure 1H) versus an age- and sex-matched nonPAH control. Importantly, total p16INK4 and SA-β-gal staining were
increased (Figure 2, B and C) in PAH-PMVECs. Importantly, only
4

a subcohort of PAH cells stained SA-β-gal+, indicating that senescence does not necessarily predominate across the entire endothelial population of this PAH patient. To determine whether senescent cells are distinct from other known endothelial phenotypic
cohorts known to drive PH (i.e., proliferating endothelium), we
analyzed single-cell RNA sequencing data from 3 human lungs of
patients with PAH compared with 4 control patients without PAH
(Supplemental Table 4 and ref. 57), matched for age and absence
of senescence-altering medications. When comparing endothelial
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Figure 3. Hypoxia downregulates FXN expression via a HIF-α/CTCF axis in pulmonary artery endothelial cells. (A and B) RT-qPCR analysis (n = 6/group)
and immunoblot with densitometry (n = 3/group) of FXN in cultured human pulmonary artery endothelial cells (PAECs) after exposure to hypoxia (≥ 24 hours,
< 1% O2). (C and D) Relative FXN transcript (n = 5–6/group) and protein levels (n = 3/group) in hypoxic PAECs transfected with HIF-1α, HIF-2α, or combined
isoform-specific siRNAs compared with negative control (NC). (E and F) FXN expression analysis in PAECs treated with the HIF-1α activator cobalt(II) chloride
(≥ 24 hours, 750 μM CoCl2) (n = 6/group and n = 3/group). (G) Immunoblot of FXN in PAECs treated with CoCl2 and transfected with HIF-1α, HIF-2α, or both
siRNAs, compared with negative control (n = 3/group). (H and I) RT-qPCR (n = 5/group) and immunoblot (n = 3/group) of FXN in PAECs transfected with siRNA
against CTCF or negative control. (J) Immunoblot of CTCF in hypoxic PAECs transfected with HIF-1α, HIF-2α, or both siRNAs, compared with control (n = 3/
group). Two-tailed Student’s t test (A, B, E, F, H, and I) and 1-way ANOVA and Tukey’s post hoc analysis (C, D, G, and J) with error bars that reflect mean ± SD.

cells and using an expression cutoff that distinguished high (positive) versus low-to-negligible (negative) levels, mean percentages of
senescent CDKN2A-positive and proliferating MKI67-positive cells
were increased in endothelial cells in PAH lungs (Figure 2D) with
only rare double-positive cells. Given the relatively low endogenous

expression of FXN in endothelial cells, single-cell sequencing could
only distinguish high FXN-expressing endothelial cells. Notably,
cells displaying high FXN levels were consistently CDKN2A-negative, whereas CDKN2A-positive endothelial cells rarely displayed
such high FXN levels (Figure 2E). Thus, we identified a cohort of
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Figure 4. RNA sequencing of FXN-deficient
pulmonary artery endothelial cells. (A) Long
RNA sequencing in PAECs transfected with
FXN siRNA versus negative control followed
by GO enrichment (n = 3/group). Histogram of
the top 30 most significant direct GO terms
(log fold change [LFC] > 1.2, FDR < 0.05)
representing the percentage of differentially
expressed genes in the RNAseq data set within
each pathway. GO terms specifically related to
cell cycle (blue), DNA replication (green), and
cellular response to DNA damage stimulus
(orange) and others (gray). (B) Hypergraph of
differentially expressed genes (FDR < 0.05),
depicting log fold change via a color scale within
GO pathways pertaining to cell cycle (blue),
DNA replication (green), and cellular response
to DNA damage stimulus (orange).

CDKN2A-positive senescent pulmonary endothelial cells without
substantial FXN expression, distinct from proliferative endothelial
cells in the same lung. Taken together, diverse rodent and human
models across various PH groups exhibited a distinct subpopulation of pulmonary vascular endothelial p16INK4-positive cells with
reduced FXN, indicating a potential mechanistic link between FXN
and senescence in Groups 1–3 PH.
HIF-α controls CTCF to downregulate endothelial FXN. To
explore the mechanisms of dynamic FXN regulation in PH-specific contexts, human primary pulmonary vascular cells were
exposed to known PH triggers. Exposure to hypoxia, a trigger
associated with Group 1 PAH and Group 3 PH (6), robustly downregulated FXN transcript and protein levels in human pulmonary
arterial endothelial cells (PAECs; Figure 3, A and B). Similarly,
6

exposure to the inflammatory cytokines
that are elevated (58) and promote vascular remodeling in Group 1 PAH (59), such
as interleukin-1 beta (IL-1β), decreased
FXN in PAECs (Supplemental Figure 2,
A and B). Mirroring hypoxic IL-6 transgenic mice with decreased endothelial
Fxn (Figure 1C), FXN was more robustly downregulated by a combination of
hypoxia with IL-6 and its receptor than
hypoxia alone (Supplemental Figure 2,
C and D). Notably, hypoxia downregulated FXN in pulmonary artery smooth
muscle cells (PASMCs) but not adventitial fibroblasts (PAAFs, Supplemental
Figure 2E), while inflammation did not
alter FXN in either cell type (Supplemental Figure 2F). Knockdown of genes
associated with heritable PAH or exposure to increased matrix stiffness also
did not alter FXN expression in PAECs
(Supplemental Figure 2, G and H). Thus,
hypoxic and inflammatory stimuli associated with Groups 1 and 3 PH specifically downregulated FXN in pulmonary
endothelial cells.
Given the importance of HIF-α activity in Fe-S biogenesis (24–
26), we aimed to determine whether hypoxic downregulation of
FXN was dependent on HIF-α. PAECs were treated with siRNA specific for the HIF-α isoforms HIF-1α and HIF-2α, alone and in combination, followed by exposure to chronic hypoxia (Supplemental
Figure 3, A and B). HIF-1α and HIF-2α knockdown together most
effectively increased FXN (Figure 3, C and D) under hypoxic stimulus, particularly at the transcript level. Bolstering these results,
the HIF-activator cobalt(II) chloride (60) robustly decreased FXN
(Figure 3, E and F), whereas HIF-1α–specific inhibition by siRNA
reversed this effect (Figure 3G). Inflammatory cytokines (such as
IL-1b) are known to drive expression of HIF-α even under normoxic conditions (61), and more broadly, HIF-dependent processes are
known to serve as an important stress response in inflammatory
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Figure 5. Acute FXN knockdown promotes replication stress and S-phase arrest. (A–G) All experiments were performed 48 hours after transfection in
PAECs with or without FXN inhibition by siRNA. (A) Colorimetric BrdU incorporation (n = 6/group). (B) Manual PAEC count (n = 3/group). (C) Flow cytometric analysis of FXN-deficient or control PAECs pulsed with BrdU and the DNA marker 7-AAD (n = 6/group). (D) Immunoblot and quantification of the
replication stress marker, phosphorylated RPA32 (p-RPA32) (n = 3/group). (E) Representative confocal imaging and quantification of replication rate (kb/
min) in FXN-deficient or control PAECs pulsed with CldU (20 minutes, 50 μM; green) followed by IdU (20 minutes, 250 μM; red) with hydroxyurea (2 mM;
HU) (n = 175 versus n = 204 forks). Scale bar: 10 μm. (F) Quantified immunoblot of DNA damage response markers (p-ATR, CHK1, Ub-γH2AX) (n = 3/group).
(G) Immunofluorescence staining and confocal microscopy of nuclear 53BP1 foci (red) within DAPI-stained nuclei (blue) (n = 37 versus n = 34). Scale bar: 10
μm. Two-tailed Student’s t test with error bars that reflect mean ± SD.

diseases (62). Reinforcing this idea, IL1-β–treated PAECs exhibited
increased HIF1A transcript levels (Supplemental Figure 3C), suggesting HIF-driven FXN reduction may be a common mechanism
across hypoxic and inflammatory triggers. Moreover, immunofluorescent labeling demonstrated increased expression of HIF-1α
in obese, SU5416-treated rat lungs modeling Group 2 PH-HFpEF
(Supplemental Figure 3D) and in Group 1 and 3 PH patient lungs
(Supplemental Figure 3E), consistent with decreased FXN levels in
these PH models (Figure 1). Altogether, despite the HIF-responsive
element in the FXN promoter (39, 40), these data support the context-dependent, repressive activity of both HIF-α isoforms on FXN
in hypoxic PAECs as well as in the lungs of multiple PH models.
Consistent with a prior description of the chromatin insulator
protein CCCTC-binding factor (CTCF) binding the FXN 5′UTR
(63), we found that CTCF inhibition by siRNA (Supplemental Figure 4A) markedly reduced FXN (Figure 3, H and I) in PAECs. We
observed reduced CTCF protein following chronic hypoxic exposure (Supplemental Figure 4B) and cobalt(II) chloride treatment
(Supplemental Figure 4C), consistent with FXN knockdown under
these conditions (Figure 3, A, B, G, and H). Moreover, knockdown

of the HIF-1α and HIF-2α isoforms together rescued CTCF (Figure
3J), corresponding with rescue of FXN levels (Figure 3, E and F).
In sum, HIF-α controls CTCF-dependent epigenetic modulation
of FXN expression in hypoxic PAECs.
To determine the pathologic relevance of this pathway, immunofluorescence staining was performed for CTCF in the lung
vasculature of rodents and patients with PH. Along with HIF-1a
upregulation (Supplemental Figure 3, C and D), obese rats treated
with SU5416 (Supplemental Figure 4D) and patients with Group 1
PAH or Group 3 PH (Supplemental Figure 4E) exhibited decreased
CTCF levels in their pulmonary vessels and specifically their pulmonary endothelium. In summary, these data highlight HIF-α–
driven epigenetic silencing of FXN following exposure to hypoxia
in vitro and suggest a shared mechanism in multiple PH subtypes.
Acute FXN knockdown promotes endothelial replication stress
and cell cycle arrest. To confirm that our model of FXN deficiency in primary human pulmonary endothelial cells leads to
alterations of Fe-S cluster levels, Fe-S integrity in PAECs was
assessed using a fluorescent glutaredoxin 2 (GRX2) sensor,
which homodimerizes and fluoresces in proportion to the level of
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Figure 6. Endothelial progression toward cellular senescence due to chronic FXN deficiency. (A) Colorimetric BrdU incorporation in FXN-deficient
PAECs compared with negative control at 3, 5, and 8 days after transfection (n = 6/group). (B) Chemiluminescent measurement of caspase-3/7 activity in
FXN-deficient PAECs compared with controls at 2, 3, and 4 days after transfection (n = 6/group). (C–E) Experiments reflect PAECs 8 days after transfection
with FXN siRNA or negative control (n = 3/group). (C) Quantification of DNA damage response markers (p-ATR, p-CHK1, p-CHK2, p53, Ub-γH2AX) by immunoblot. (D) Immunoblot of p16INKA protein expression. (E) Light microscopic images of SA-β-gal staining (blue). Scale bar: 200 m. Quantification reflects
average percentage of SA-β-gal–stained PAECs out of total cell number. Two-tailed Student’s t test with error bars that reflect mean ± SD.

intact Fe-S clusters (25, 26). Following transduction with GRX2
versus GCN4 (a homodimer sensor with Fe-S–independent fluorescence), GRX2-specific but not GCN4-specific fluorescence
in normoxic (Supplemental Figure 5A) and hypoxic conditions
(Supplemental Figure 5B) was reduced in PAECs with siRNA
knockdown of FXN (Supplemental Figure 5C).
From there, to determine the predominant pathophenotypes
driven by FXN deficiency, an unbiased high-throughput screening by RNA sequencing of differentially expressed genes (498
total genes) was followed by Gene Ontology (GO) enrichment by
DAVID in PAECs after FXN knockdown at 2 days after transfection (Supplemental Table 5). Of the top 30 most significant direct
GO biological processes (FDR < 0.05, 66 total), a majority were
associated with cell cycle (blue), DNA replication (green), and
cellular response to DNA damage stimulus (orange) (Figure 4A).
Using these GO terms as a guide, a hypergraph, which characterizes differentially expressed genes (nodes) by log fold change and
the potential relationships between those nodes via edges (64, 65),
highlighted pertinent genes within each selected GO pathway that
were significantly upregulated by FXN knockdown (Figure 4B).
Given that mitochondrial Fe-S biogenesis influences nuclear Fe-S
protein maturation (28, 29), these data support the notion that FXN
knockdown could disrupt such Fe-S–dependent genomic stability.
To first assess the functional consequences of these gene
changes, replication, a predominant GO pathway (Figure 4), was
measured by bromodeoxyuridine (BrdU) incorporation in PAECs.
FXN knockdown robustly increased BrdU incorporation (Figure
8

5A) while overexpression of FXN in combination with its binding
partners ISCU1/2 (Supplemental Figure 5, D–G) reversed BrdU
incorporation when both endogenous FXN and ISCU1/2 were
repressed under chronic hypoxia (Supplemental Figure 6, A and B)
or with IL-1β exposure (Supplemental Figure 6, C and D). Despite
the increase in nucleotide incorporation, there was no increase in
cell number (Figure 5B). Instead, BrdU pulse labeling combined
with the fluorescent DNA intercalator 7-AAD revealed an increase
of FXN-deficient PAECs in S phase with a corresponding decrease
in G0/G1 or G2 (Figure 5C), signifying cell cycle arrest. These data
were supported by an increase in the cyclin-dependent kinase
inhibitor p21 (Supplemental Figure 6E) associated with DNA damage–dependent cell cycle arrest.
To characterize the potential genomic stress driving S-phase
arrest, we found increased protein levels of replication fork components MCM2 and RPA70 (Supplemental Figure 6E), as well as
phosphorylated RPA32 in separate male (Figure 5D) and female
PAECs donors (Supplemental Figure 6F). Elevation of these markers alongside cell cycle arrest reflected FXN-driven replication
stress (15). To assess replication fork dynamics, chloro-deoxyuridine (CldU) and iodo-deoxyuridine (IdU) pulse labeling of
DNA fibers in PAECs with FXN inhibition demonstrated a modest increase in CldU nucleotide incorporation (Figure 5E). This
FXN-dependent effect was robustly increased with hydroxyurea,
a ribonucleotide reductase inhibitor that depletes nucleotide
pools to induce fork stalling. This aberrant increase in replication
rate correlated with the upregulation of the M2 subunit of ribonu-
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Figure 7. FXN mutations in Friedreich’s ataxia are associated with pulmonary vascular disease and endothelial senescence. (A) Lungs from age- and
sex-matched FRDA (n = 3) versus healthy donors (n = 9) stained with CD31+ (brown) and hematoxylin counterstain (blue). Scale bar: 50 μm. Quantification of
relative pulmonary arteriolar wall thickness in FRDA lungs in comparison to controls. Two-tailed Student’s t test with error bars that reflect weighted averages ± SD. (B–I) Phenotypic experiments performed in male age-matched iPSC-ECs from healthy controls versus patients with FRDA. (B) Colorimetric BrdU
incorporation assay (n = 4/group). (C) Chemiluminescent caspase-3/7 activity (n = 3/group). (D) Immunoblot quantification of apoptosis resistance BCL2 protein (n = 3/group). (E and F) Relative CDKN2A transcript and p16INKA protein expression in male FRDA iPSC-ECs compared with healthy controls (n = 3/group).
(G) Representative light microscopic images of β-galactosidase (blue) in male iPSC-ECs. Scale bar: 200 μm. (H) Immunoblot of phosphorylated (γH2AX) and
ubiquitinated (Ub-γH2AX) forms of H2AX in FRDA patient iPSC-ECs compared with control (n = 3/group). (I) Proximity ligation assay followed by confocal
microscopy showing quantification of associated POLD1 and POLD3 subunits of DNA Pol δ in FRDA iPSC-ECs compared with healthy controls (n = 190 nuclei/
group). Scale bars: 10 μm. The same β-actin blot was used as a control for panels D and K. Two-tailed Student’s t test with error bars that reflect mean ± SD.

cleotide reductase transcript (RRM2) (Figure 4B, Supplemental
Table 5, and Supplemental Figure 6G), potentially signaling imbalanced nucleotide synthesis by ribonucleotide reductase (66).
In response to this replication stress, DDR markers assessed by
immunoblot (e.g., phosphorylated ATR, CHK1, and ubiquitinated
γH2AX; Figure 5F and Supplemental Figure 6H) and by immunofluorescence staining of 53BP1 foci (Figure 5G) were all upregulated. Conversely, forced expression of FXN in combination with
ISCU1/2 cumulatively reduced protein levels of replication stress
markers under conditions of hypoxia (Supplemental Figure 6I) or
IL-1b (Supplemental Figure 6J), consistent with the acute reversal

of replication abnormalities (Supplemental Figure 6, A–D). Notably, FXN knockdown in PASMCs did not result in replication stress
or DNA damage response activation (Supplemental Figure 6, K–L),
delineating functional differences in endothelial FXN-dependent
genotoxic stress. Taken together, these data revealed a specific,
reversible mechanism by which acute FXN deficiency drives replication stress, resulting in genomic damage, early activation of the
DDR, and endothelial cell cycle arrest.
Sustained DNA damage response results in senescence in FXN-deficient endothelial cells. Because cell cycle arrest can result in apoptosis or senescence (18), we next sought to determine the outcomes
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Figure 8. FXN deficiency promotes endothelial senescence and worsens PH in vivo. (A) Diagram of conditional endothelial-specific Fxn knockout mouse
model. Experiments compare male Fxn flox/flox (Fxnf/f) control mice to mice expressing a tamoxifen-dependent Cdh5(PAC)-ERT2+-Cre recombinase (EC
Fxn–/–) following chronic hypoxia exposure (3 weeks, 10% O2). (B) RT-qPCR of Fxn expression in CD31+ cells isolated from lungs (n = 6–7/group). (C) Confocal
microscopic imaging and quantification of endothelial γH2AX (red signal represented by white arrows), α-SMA (green), and DAPI (blue) in lung tissue (n =
3/group). (D and E) Relative Cdkn2a and Tnf mRNA by RT-qPCR in CD31+ cells isolated from mouse lungs (n = 6–7/group). (F) Plasma IL-6 protein expression
(n = 9 versus n = 7). (G) Measurement of immunofluorescent staining of vessel-associated Cd11b+ myeloid cells (orange), α-SMA (green), and DAPI (blue) in
lung tissue (n = 5–6/group). (H) Picrosirius red staining in parallel versus orthogonal light with quantification of orthogonal signal representative of vessel
collagen deposition (n = 4/group). (I) RVSP (mmHg) measured by right heart catheterization (n = 11 versus n = 7). (J) Fulton index (RV/LV+S, %) (n = 11 versus n = 7). (K) Pearson correlation between relative Fxn and Cdkn2a transcript levels (n = 18). (L) Pearson correlation between Cdkn2a expression and RVSP
(n = 18). Scale bars: 50 μm. Two-tailed Student’s t test was performed with error bars that reflect mean ± SD.

of chronic FXN deficiency in the pulmonary endothelium induced
by siRNA in PAECs over an extended time course (Supplemental
Figure 7, A and B). Interestingly, the initial burst of BrdU incorporation in FXN-deficient PAECs was blunted between days 3 and
8 after transfection (Figure 6A). At the same time, chronic FXN
knockdown resulted in increasing apoptosis resistance (starting at
3 days after transfection) in PAECs (Figure 6B). While RRM2 transcript (Supplemental Figure 7C) and replication stress markers
10

(Supplemental Figure 7D) peaked and were eventually reduced at
day 8, FXN-deficient PAECs exhibited chronic and more comprehensive activation of the DDR including ATR, CHK1, CHK2, p53,
and γH2AX (Figure 6C). In contrast to other studies in which DNA
damage and DDR activation resulted in pulmonary endothelial
apoptosis (19, 22), sustained FXN knockdown led to upregulation
of the senescence marker p16INK4 protein expression (Figure 6D)
alongside increased SA-β-gal staining (Figure 6E). Given the irre-
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Figure 9. Senolytic therapy prevents FXN-dependent PH development. (A) Diagram for senolytic treatment in female and male hypoxic EC Fxn–/– mice.
ABT-263 (25 mg/kg/day) or vehicle control (n = 5/group) was administered via oral gavage in weeks 2 and 3 of hypoxic exposure (3 weeks, 10% O2). (B)
Immunofluorescence staining and assessment of Cd11b+ myeloid cells (orange), α-SMA+ vessel smooth muscle cells (green), and counterstaining of nuclei
(blue). (C) Representative confocal images and quantified percentage of pulmonary vessel muscularization by immunofluorescence staining of vWF (green)
and α-SMA (red). (D) RVSP (mmHg). (E) Diagram depicting senolytic treatment in female and male IL-6 Tg mice during weeks 2 and 3 of hypoxic exposure.
(F) Measurement of vessel-associated inflammatory infiltration via Cd11b (orange) (n = 5 versus n = 4). (G) Representative images and quantified percentage
of vessel muscularization measured by immunofluorescence staining of vWF (green) and α-SMA (red) (n = 3/group). (H) RVSP (n = 4 versus n = 3). (I) Fulton
index (RV/LV+S, %) (n = 5 versus n = 4). (J) Diagram of male hypoxic WT mice treated with ABT-263 (n = 5/group). (K) Vessel-associated CD11b+ cells. (L) RVSP.
Two-tailed Student’s t test was performed with error bars that reflect mean ± SD. Scale bars: 50 μm.

versible nature of cellular senescence, forced expression of FXN,
even in combination with ISCU1/2, did not significantly alter
p16INKA in PAH PMVECs and thus was not able to rescue an already

permanent senescent phenotype (Supplemental Figure 7E). Rather, only the senolytic drug ABT-263 (Navitoclax), a BCL2 inhibitor
that kills senescent cells (67), was found to abrogate SA-β-gal lev-
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els in PAECs with chronic FXN deficiency (Supplemental Figure
7F). In sum, acquired FXN deficiency promotes Fe-S–dependent
nuclear dysfunction in primary endothelial cells, displaying a
progression of events starting with replication stress and growth
arrest and progressing to persistent DDR-dependent senescence.
Genetic FXN deficiency mirrors the genomic dysfunction that drives
endothelial senescence. Independent of acquired causes of endothelial FXN reduction, we sought to establish the relevance of endothelial dysfunction to pulmonary vascular remodeling in FRDA.
Examining rare lung autopsy samples of 3 individuals with FRDA,
histology revealed significant pulmonary arteriolar remodeling
(Figure 7A and Supplemental Table 6) in the medial and adventitial
layers with indications of inflammatory cell infiltration, strengthening the principle that FRDA and PH are linked. To link causatively
genetic FXN deficiency to endothelial dysfunction, we differentiated inducible pluripotent stem cells from patients with FRDA mutations (68) into endothelial cells (iPSC-ECs), as previously described
(69). Importantly, iPSC-ECs from patients with FRDA exhibited
normal endothelial cell expression markers (Supplemental Figure 8, A and B), function (Supplemental Figure 8C), and markedly
reduced FXN levels (Supplemental Figure 8, D and E). Via these
genetically FXN-deficient cells and their sex- and age-matched
controls, we sought to compare endothelial-specific alterations controlled by FRDA mutations versus acquired deficiencies.
Similar to chronic siRNA FXN knockdown in PAECs, both
male and female iPSC-EC lines displayed decreased proliferative (Figure 7B and Supplemental Figure 8F) and apoptotic activity (Figure 7, C and D and Supplemental Figure 8, G and H) and
a concomitant increase in cellular senescence markers (Figure 7,
E–G and Supplemental Figure 8I). This senescent phenotype was
confirmed by elevated inflammatory SASP marker IL6 (Supplemental Figure 8J) and a reduction in RRM2 transcript expression
(Supplemental Figure 8K). Notably, forced expression of FXN
did not substantially reverse senescent markers (Supplemental
Figure 8L), consistent with the irreversible nature of senescence
(13). To assess whether the DDR response present with FXN siRNA knockdown is mirrored by genetic mutations, immunoblot
showed markedly increased ubiquitinated and phosphorylated
H2AX in FRDA iPSC-ECs (Figure 7H). Given this FXN-dependent genotoxicity, we aimed to demonstrate that FXN deficiency
directly impairs nuclear replication and repair machinery using a
proximity ligation assay to assess the Fe-S–dependent association
of the DNA polymerase δ catalytic subunit POLD1 with its accessory subunits, in this case, POLD3 (70). Confocal imaging showed
iPSC-ECs with FRDA mutations exhibited decreased nuclear signal, denoting a FXN-driven reduction in the intact form of this
high-fidelity polymerase (Figure 7I). Therefore, these findings
delineate an FXN-driven mechanism in which persistent attenuation of Fe-S–containing nuclear machinery may compromise DNA
replication and repair, contributing to endothelial senescence.
Genetic and pharmacologic endothelial FXN deficiency in mice
promotes senescence and consequent PH. To investigate the specific
effects of FXN deficiency in the pulmonary endothelium in vivo,
both genetic and pharmacologic Fxn knockdown mouse models were investigated. First, tamoxifen-dependent endothelial
(EC) Fxn–/– mice (Cdh5(PAC)–Cre-ERT2+ mice [71] crossed with
Fxn flox/flox mice; ref. 72) were exposed to normoxia vs. chronic
12

hypoxia to induce PH (Figure 8A). CD31+ pulmonary endothelial
cells from EC Fxn–/– mice exhibited appropriate cell-type specific
knockout (Supplemental Figure 9A) and decreased Fxn transcript
(Figure 8B). Consistent with the efficiency of this endothelial-specific Cre recombinase (71), such knockout was not fully penetrant in all endothelial cells and thus served as an optimal model
for heterogeneity of FXN reduction seen in human PAH disease
(Figure 2, D and E). To rule out any off-target effects relevant to
the left ventricle or systemic hypertension, echocardiographic
imaging prior to hemodynamic measurements demonstrated no
gross alterations in left ventricular function (Supplemental Figure
9, B and D). Additionally, no alterations in mean arterial pressure
(Supplemental Figure 9E) and heart rate (Supplemental Figure
9F) were observed. Consistent with our findings of FXN-driven
genotoxicity in vitro (Figures 6 and 7), confocal imaging revealed
that EC Fxn–/– mice displayed increased DDR marker γH2AX
in the pulmonary endothelium (Figure 8C). At the same time,
RT-qPCR analysis of isolated pulmonary CD31+ endothelial cells
from FXN-deficient mice displayed an increase in Cdkn2a and the
inflammatory SASP markers Tnf and Il-6, signifying stable growth
arrest and elevated SASP, respectively (Figure 8, D–F). Guided by
the presence of such SASP-driven inflammatory signaling, elevated accumulation of CD11b+ interstitial myeloid cells was observed
in the pulmonary vasculature (Figure 8G), mirroring the inflammatory remodeling in FRDA lungs (Figure 7A). While medial
thickening was not significantly increased (Supplemental Figure
9G), lungs from hypoxic EC Fxn–/– mice exhibited an increase in
vascular collagen matrix remodeling (Figure 8H), mirroring the
adventitial remodeling in FRDA lungs (Figure 7A). Correspondingly, right heart catheterization revealed hemodynamic manifestations of worsened PH, including increased right ventricular
systolic pressure (RVSP, a surrogate for the clinical measurement
of mean pulmonary arterial pressure [mPAP]; Figure 8I), and
increased Fulton index (a measurement of RV hypertrophy that
indirectly reflects increased pulmonary vascular resistance; Figure 8J) in endothelial Fxn-deficient mice. Importantly, consistent
with single-cell RNA sequencing data from human PAH lung (Figure 2F), an inverse correlation between Fxn expression and Cdkn2a was observed (Figure 8K). This was accompanied by a positive
correlation between Cdkn2a and RVSP (Figure 8L). Thus, these
results emphasize the pathogenic role of a FXN-deficient senescent subpopulation in the pulmonary endothelium that promote
vascular inflammation, remodeling, and PH.
In contrast, normoxic EC Fxn–/– mice did not display hemodynamic manifestations of PH (Supplemental Figure 9, H and
I), suggestive that a second hit may bolster a more robust vascular pathophenotype. Furthermore, chronically hypoxic,
tamoxifen-dependent smooth muscle–specific (73) Fxn–/– mice
(Supplemental Figure 9J) did not exhibit a difference in RVSP
(Supplemental Figure 9K) or Fulton index (Supplemental Figure
9L) compared with Fxn+/+ controls, correlating with the lack of
genotoxic stress seen with FXN knockdown in PASMCs (Supplemental Figure 6, K and L) and reinforcing the importance of endothelial FXN deficiency in PH.
Moving to a pharmacologic model of endothelial FXN deficiency, polymeric nanoparticle 7C1, composed of low-molecular-weight polyamines and lipids encapsulating Fxn siRNA
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oligonucleotides or negative control, were delivered to the endothelium via tail-vein injection every 5 days in WT C57BL/6 mice
briefly before and throughout chronic hypoxia exposure (Supplemental Figure 10A and refs. 25, 26, 74). In mice receiving
inhibitory RNA against Fxn, Fxn was downregulated in CD31+
cells as assessed by RT-qPCR (Supplemental Figure 10B). Consistent with FXN-dependent genotoxic stress, 7C1:siFXN administration increased vessel γH2AX levels (Supplemental Figure
10C). Unlike hypoxic EC Fxn–/– mice, hypoxic 7C1:siFXN mice
exhibited increased medial thickening as measured by α-SMA
immunofluorescence staining (Supplemental Figure 10D) and
hemodynamics consistent with PH development (Supplemental
Figure 10, E and F). These Fxn-deficient mice did not demonstrate changes in mean arterial pressure (Supplemental Figure
10G), or heart rate (Supplemental Figure 10H). Notably, even
in normoxia, 7C1-delivered FXN siRNA (Supplemental Figure
10I) elicited a modest but significant increase of RVSP and Fulton index (Supplemental Figure 10, J and K), again indicating
that FXN deficiency predisposes the endothelium to a PH-prone
phenotype that could then be augmented by additional injury or
stress. Therefore, as displayed through both genetic and pharmacologic models, FXN deficiency drives endothelial senescence
with downstream vascular inflammation and remodeling, thereby promoting PH in vivo.
Pharmacologic removal of senescent cells prevents PH pathogenesis in FXN-deficient models. Finally, we sought to explore the
contribution of FXN-dependent endothelial senescence to the
development of multiple PH subtypes in vivo. To do so, we wanted to determine if pharmacologic clearance of senescent cells by
the BCL2 inhibitor ABT-263 (67) could reverse FXN-dependent
disease. First, EC Fxn–/– mice were exposed to hypoxia and serial gavages of vehicle versus ABT-263 (Figure 9A). Neither hepatic nor renal toxicity was evident with such dosing (Supplemental
Figure 11, A–D). Despite persistent pulmonary endothelial Fxn
deficiency (Supplemental Figure 11E), removal of senescent cells
led to diminished vascular disease, as measured by CD11b accumulation (Figure 9B) and muscularization (Figure 9C). Correspondingly, ABT-263 treatment reduced RVSP in Fxn-deficient
mice (Figure 9D).
To determine whether senolysis could prevent PH development across different mouse models and disease subtypes that
also exhibit FXN deficiency, hypoxic IL-6 Tg mice (modeling
Group 1 PAH) were also treated with ABT-263 compared with
vehicle (Figure 9E). This model was chosen for study due to its
direct links to the FXN-senescence axis. Not only was FXN downregulated by IL-6 (Supplemental Figure 1C and Supplemental Figure 2C), but also IL-6 plays a central role in senescence as both
an paracrine SASP factor as well as an autocrine effector that reinforces senescence in the source tissue (75). Again, upstream Fxn
expression remained depressed (Supplemental Figure 11F), and
there was no evidence of liver or kidney damage (Supplemental
Figure 11, G–J). Yet, senolytic administration reduced SASP-dependent interstitial immune cell elevation in the vasculature (Figure 9F), vessel remodeling (Figure 9G), and consequent hemodynamic manifestation of PAH (Figure 9, H and I), thus proving the
crucial role of cellular senescence in halting the pathogenic cycle
connecting FXN deficiency to PAH.

Lastly, hypoxic WT mice (modeling Group 3 PH) — which
also exhibit pulmonary endothelial Fxn deficiency (Supplemental
Figure 11, K and L) — treated with a senolytic (Figure 9J and Supplemental Figure 11, M–Q) exhibited reduced vessel-associated
inflammation and PH disease burden (Figure 9, K and L). These
data support the notion that endothelial-specific FXN deficiency
drives senescence, remodeling, and PH, and that this Fe-S–driven
mechanism is necessary to promote disease in several preclinical
rodent models representing WSPH Groups 1 and 3.

Discussion

Via discovery platforms spanning single-cell RNA sequencing in
PAH tissues to genetically engineered mice and rare FRDA patient
lungs, our results define endothelial FXN deficiency as a driver of
senescence and thus multiple PH subtypes (Graphical Abstract).
Coupled with our advancing understanding of endothelial senescence in a variety of vascular diseases (8) and in PAH-associated
congenital heart disease (9), these findings address a key knowledge gap regarding the regulation of this pivotal vascular process,
with data identifying persons at genetic and acquired risk for PH.
At the molecular level, while DNA damage (19–23) has been associated with PH, these data identified FXN-dependent Fe-S biology
as a master regulator of genotoxic stress and downstream endothelial dysfunction in this disease. At a cellular level, our work
provides a molecular explanation underlying the development
of heterogeneous endothelial pathophenotypes in PH — where
FXN deficiency generates a senescent subpopulation of endothelial cells which then promotes inflammation-associated vascular
remodeling. At a disease level, these results demonstrate that
FXN-dependent endothelial senescence is central in promoting
multiple PH subtypes, across WSPH Groups 1, 2, and 3. In FRDA
and Group 2 PH, our work implicates FXN-dependent endothelial
pathogenicity and challenges the current paradigm of cardiomyocyte dysfunction and consequent hemodynamic stress as the sole
causes of PH. Our endeavors also strengthen the notion for therapeutic development of senolytic drugs that reverse the effects of
Fe-S deficiency, applicable across multiple PH subtypes, several of
which have no approved therapies.
Our data highlight how triggers of PH, such as chronic hypoxia
and inflammation, converge upon HIF-α–mediated CTCF epigenetic modification of FXN transcription in endothelial cells (Figure
3). Given that prior studies identified a HIF-α–dependent increase
of FXN in nonvascular cells (39, 40), the reasons for divergent
gene regulation in the pulmonary endothelium are not fully understood. There may be cell-type specificity of the chromatin structure and its modulators (i.e., CTCF) in exerting control of FXN.
Importantly, identification of this HIF-α/CTCF axis expands upon
the relevance of acquired FXN deficiency outside of FRDA mutations. FXN also joins a growing number of Fe-S assembly genes
dynamically repressed by HIF-α signaling in the endothelium (24–
26). While certain FXN-dependent phenotypes share similarities
with those resulting from deficiencies of other HIF-α–dependent
Fe-S biogenesis genes (ISCU and BOLA3; refs. 24–26), each Fe-S
assembly protein exerts unique and predominant effects on endothelial phenotypes (proliferation promoted by BOLA3 deficiency [26], apoptosis by ISCU deficiency [24], senescence by FXN
deficiency). It is possible that these HIF-α–driven deficiencies
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and their specific cell fates cumulatively contribute to the shifting endothelial pathophenotypes throughout PH progression and
across WSPH classifications. However, the contributions of this
dynamic network of Fe-S biogenesis genes are only just emerging.
In addition, our data provide insight into the potential interaction between hypoxia and genetic FXN deficiency. Recent findings reported that exposing FXN-depleted models to anaerobic
conditions may rescue Fe-S biogenesis, reverse the FRDA-specific ataxia phenotype, and improve viability — all of which suggest
hypoxic exposure may be a useful therapy for patients with FRDA
(76). In contrast, our data demonstrated that chronic low oxygen
tension reduced Fe-S biogenesis gene expression (FXN, ISCU, and
BOLA3) in pulmonary vascular cells, particularly in endothelial
cells (24–26). These results are supported by prior findings in other
hypoxic cell types (41, 77). More specifically, in our work, hypoxic
PAECs with FXN knockdown showed reduced Fe-S cluster formation compared with control (Supplemental Figure 5B), indicating
that anaerobic conditions do not rescue endothelial Fe-S biogenesis. Because several PH outcomes, including hemodynamic
assessment (Figure 8 and Supplemental Figure 10), worsened with
a 2-hit model of endothelial FXN knockdown and chronic hypoxia, our data caution against the systemic use of hypoxia treatment
in FRDA, which would not account for differences in cell-specific
responses to hypoxia and instead could accelerate a patient’s predisposition to PH.
Next, our findings illustrate Fe-S–dependent perturbations
in genomic integrity with FXN deficiency. Acutely, the increased
FXN-dependent replication rate (Figure 5A) has recently been
identified as a lesser-known form of replication stress that
promotes DDR and ultimately genomic instability (78). Given
increased RRM2 expression (Supplemental Figure 6G), upregulation in replication fork elongation may be driven at least in part
by altered ribonucleotide reductase (RNR) activity and a consequent imbalance in the nucleotide pools, both of which have
been shown to impact DNA integrity (79). Interestingly, RNR
contains an essential di-ferric tyrosyl radical cofactor donated
by cytoplasmic Fe-S machinery (66), and its activity is preferentially preserved in the early stages of iron deficiency in yeast
(80). This same acute sequestration of iron cofactors and conserved function may be characteristic of other Fe-S–containing
DNA replication and repair machinery in conditions of acute
FXN deficiency. In our work, RRM2 expression (Supplemental
Figure 6G and Supplemental Figure 7C) also follows the simultaneous arc of nucleotide incorporation (Figure 5A and Figure
6A) and replication fork markers (Supplemental Figure 6E and
Supplemental Figure 7D) from acute replication stress to eventual senescence. Similar to RRM2-deficient cancer cells exhibiting
long-term senescence-associated growth arrest (81), our findings
may reflect diminished RNR activity that leads to replication collapse and stable growth arrest. Separately, we showed that genetic FXN deficiency disrupts Fe-S–dependent DNA Pol δ structure
and function (Figure 7I), alongside persistent elevation of DDR
markers (Figure 7H). Given that DNA polymerases, among other Fe-S–containing proteins, are critical for several DNA repair
pathways (28, 70), FXN-specific attenuation of Fe-S–dependent
nuclear protein function may propagate endothelial genomic
instability and thus DDR and senescence.
14

While our findings begin to characterize genome-specific
perturbations driven by FXN deficiency, the exact pattern of
disruption in Fe-S–reliant nuclear machinery that converges on
irreversible growth arrest merits further interrogation. More
broadly, given the known mitochondrial and metabolic activities of FXN (27) and other Fe-S biogenesis genes (24–26), metabolic oxidative stress could also contribute to alterations in
genomic integrity and cell cycle progression (82). In fact, DNA
damage has been observed in FRDA patient tissues previously,
presumed to result from incompletely defined oxidative processes (50, 51). Moreover, disruption of mitochondrial function
has been shown to contribute to cellular senescence (mitochondria dysfunction–associated senescence) (83). The exact contribution of FXN-dependent metabolic disruption to progression
toward endothelial senescence awaits further study. It is also
possible that a combination of these pathogenic processes — for
example, oxidative stress and failure of Fe-S–dependent replication — represents a double-hit to genomic integrity. It is not
known which of these FXN-dependent processes is more effective in initiating replication stress, genomic damage, and reversible versus irreversible growth arrest. These answers may help
prioritize early treatment intervention, given that there may be
a critical window for phenotypic rescue (Supplemental Figure 6,
A–D, I, and J) prior to permanent endothelial senescence (Supplemental Figure 7E).
Apart from defining how FXN-dependent genotoxic stress
converges on irreversible growth arrest, our data depict a subpopulation of FXN-deficient senescent endothelial cells that direct
panvascular remodeling in PH. In contrast to a widely touted
model of temporal progression of dominant endothelial pathophenotypes in PH (7), our findings underscore a different paradigm whereby senescent endothelial cells stochastically depend
on FXN deficiency but do not need to predominate in number to
exert a pathogenic influence. Rather, we found that senescent
endothelial cells promote local inflammation and pulmonary vascular remodeling through the release of SASP mediators. Specifically, IL-6, a cytokine already identified as a prognostic indicator
of severe PH (58, 84–86), represents at least a proinflammatory
mediator produced by FXN-deficient senescent endothelial cells
(Figure 8, E and F and Supplemental Figure 8J). Given that the
SASP profiles depend on cell type, inciting factors of senescence,
or degree of senescence (13), the full complement of FXN-dependent markers requires further study. Via this autocrine signaling,
senescent endothelial cells inherently coexist with other proliferative cells (Figure 2D), offering a molecular description for a heterogenous endothelium in PH.
Despite observed FXN reduction in smooth muscle cells across
multiple PH models (Supplemental Figures 1 and 2), FXN deficiency
in smooth muscle cells did not result in the same genotoxic mechanism (Supplemental Figure 6, K and L) and subsequent PH development (Supplemental Figure 9, J–L). Taking cues from patients
with FRDA with ubiquitous deficiency yet cell-specific symptomatic pathology (e.g., dorsal root ganglion and corresponding ataxia),
there may be differences in relative basal FXN expression, sensitivity to FXN downregulation, or potential compensatory mechanisms
that explain the pathological importance of endothelial compared
with smooth muscle FXN and Fe-S cluster deficiency.
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Our observations also offer a mechanistic explanation for a
predisposition to precapillary PH across multiple WSPH subtypes.
A role for FXN in Groups 1 and 3 PH is not surprising, given our prior findings of ISCU1/2- and BOLA3-dependent Fe-S pathobiology
in these disease subtypes (24–26). Yet, while HCM drives mortality
in patients with FRDA (44) and patients with HCM generally suffer
from precapillary PH (46, 47), our data suggest a genetic predisposition to endothelial dysfunction that drives pulmonary vascular
disease (Figure 7A and ref. 45). In this way, our work offers a paradigm whereby a vascular endothelium, already primed to remodel,
promotes PH alongside cardiomyocyte dysfunction and left atrial
overload. Given that the trinucleotide repeat mutations in FRDA
result in endothelial FXN deficiency in multiple vascular beds, coronary or cardiac microvascular endothelial senescence may also
act as a driver of worsened ischemic cardiomyopathy, thus compounding the stress on the pulmonary vasculature. Future studies are warranted to elucidate the individual or additive effects of
endothelial FXN deficiency in the setting of FRDA-specific HCM.
In addition, given that animal models of Group 2 PH due to HFpEF
showed decreased Fxn and increased Cdkn2a (Figure 1, E and F), it
is possible that this endothelial mechanism contributes to inherent
pulmonary vascular dysfunction in Group 2 PH in general, potentially reinforcing the currently unproven notion that Group 1–like
primary vascular pathophenotypes contribute to Group 2 PH (i.e.,
Cpc-PH; ref. 87) and are not solely due to cardiomyocyte dysfunction, leading to increased left heart afterload (47, 88). Moreover,
since the age of prevalent patients with PH is increasing worldwide
and older patients with PH are more commonly afflicted by HFpEF
(89), FXN-dependent endothelial senescence, an age-associated
phenotype (90, 91), could also serve as a key molecular driver for
PH in the elderly. These data may ultimately provide a foundation
for the identification and management of a cohort of FXN-deficient patients at risk for PH who might benefit from preexisting or
emerging PH therapies (2).
Finally, our FXN-driven model of endothelial senescence
may provide Fe-S–dependent targets for diagnostic and therapeutic intervention. In particular, endothelial senescence is an
emerging characteristic of vascular diseases and may be improved
with targeted pharmacologic intervention (8). In addition to prior data on the use of senolytic therapy in experimentally induced
PH due to cardiac shunts (9), our data demonstrate the therapeutic efficacy of senolysis to prevent FXN-driven vessel-associated
inflammatory remodeling and hemodynamic instability across
several PH models (Figure 9). Additional studies may help determine whether senolytics (92) may be beneficial in patients with
FRDA and with PH generally. If so, given the irreversible nature
of senescence, appropriate therapeutic timing of these drugs will
be crucial during PH development, as will determination of their
efficacy in young versus old patients.
In total, this work offers a unifying Fe-S–dependent mechanism explaining the dynamic progression of endothelial phenotypes across multiple PH etiologies. We delineate an endothelial-specific predisposition to PH for FRDA and potentially other
forms of Group 2 PH. More broadly, our findings connect the regulatory actions of FXN across Fe-S biology, genomic integrity, and
senescence, and presents targets for more effective diagnostics
and therapeutics in this deadly disease.

Methods

High-throughput RNA sequencing. Following broad range RNA Qubit
quality control and long RNA sequencing (paired-end read 75 cycles,
40–50M reads/sample), transcript quantification was performed
using Salmon and differential expression using DESEQ (93, 94). See
Supplemental Material for additional detail. The complete data set is
available in the GEO repository via the accession number GSE171692.
Study approval. All animal experiments were approved by the University of Pittsburgh (DLAR) and the Harvard Center for Comparative Medicine. Informed consent was obtained for patient right heart
catheterization and tissue sampling for research use. All experimental procedures involving the use of human tissue and plasma, and the
study of invasive and noninvasive hemodynamics were approved by
the IRBs at the University of Pittsburgh and the Mayo Clinic. Ethical
approval for this study and informed consent conformed to the standards of the Declaration of Helsinki.
Statistics. The number of animals in each group was calculated to
measure at least 20% difference between the means of experimental and control groups with a power of 80% and standard deviation
of 10%. The number of unique patient samples for this study was
determined primarily by clinical availability. All in vitro data represent at least 3 independent experiments and are presented as mean
± SD. Normality of data distribution of groups with n greater than 10
was determined by Shapiro-Wilk testing. Paired samples were compared by a 2-tailed Student’s t test for normally distributed data, while
Mann-Whitney U nonparametric testing was used for nonnormally distributed data. For comparisons among groups, 1-way or 2-way
ANOVA with post hoc Tukey’s analysis to adjust for multiple comparisons were performed. A P value less than 0.05 was considered significant. Additional methods and complete unedited blots are available in
the supplemental material.
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